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PREFACE
The methods described here were compiled using information from over 40 researchers and
agency personnel already involved in zebra mussel monitoring (see Acknowledgements), and
from standard limnological techniques (e.g., see Lind 1979, McCauley 1984, APHA 1985). Most
of the techniques have already been used effectively for sampling zebra mussels. However, no
sampling protocol is complete without thorough testing. The urgency of the need for zebra
mussel sampling guidelines prompted the early distribution of these protocols as a working draft.
Several researchers will be conducting comparisons of different sampling methods during the
1991 field season. In addition, use of the protocols for monitoring in 1991 may reveal changes
which would improve the methods. Critica review and suggestionsfor modification of theprotocols are
strongly encouraged. Comments can be sent to the author at any time prior to October 15, 1991.
The protocols will be revised in the fall of 1991, and a final version will be available in January,
1992.
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1. INTRODUCTION
The accidental introduction of zebra mussels (Dreissenapotymorpfa) into the North American
Great Lakes in 1986 is predicted to have significant impacts on the aquatic ecosystem and on
human water users. The mussel's high fecundity, rapid growth , and ability to attach strongly to
any hard substrate has already caused problems due to blockage of water intake pipes and
fouling of docks and boat hulls. Zebra mussels are highly efficient filter feeders, and threaten to
deplete the population of microorganisms which are the base of the aquatic food chain. Excess
ingested food is excreted in pseudofecal bundles, which can reduce benthic dissolved oxygen
during decomposition.
Information about the spread of zebra mussels is critical for industries and public utilities
concerned about water intake systems, and for fisheries agencies concerned about managing the
Great Lakes ecosystem. Water users need to have an early warning of the arrival of zebra
mussels to their area so they can be prepared to handle biofouling problems. Biologists
interested in the impact of zebra mussels on the ecosystem need to know when the mussels have
arrived in their study area. Population density data can be used to track the movement of zebra
mussels, to determine what environmental factors influence local population densities, and to
determine the efficacy of control measures. In some areas, for example, mussel densities may
never reach sufficiently high levels to affect either water users or the local environment. An
understanding of the effect of zebra mussels on the environment, and the effect of the local
environment on the zebra mussels, requires monitoring of zebra mussel densities and growth
rates.
As the zebra mussels have spread, so has the number of monitoring programs initiated by
agencies and researchers around the Great Lakes and inland waters. However, unkess a standard
monitoring protocolis used comparisons of data among sampling stations or within studies may be
unfeasible. Zebra mussel settlement, growth, and density are affected by light, temperature,
depth, currents, substrate composition, substrate texture, substrate type, pH, ionic concentrations,
and local fauna. For example, due to substrate preferences of the larvae equal numbers of larvae
measured on poly-vinyl-chloride plastic (PVC) versus concrete settlement plates may not reflect
equal population densities. Failure to record relevant variables such as depth and temperature
during sampling could result in uninterpretable data. To enable comparisons of data among sites
and between studies, use of a standard sampling protocol is essential.
1.1 Definition of a standard sampling protocol
Fundamentally, any protocol which is used by common consensus can be a standard. An ideal
standard protocol should fit broad user needs for information, and should be easy to use. Such a
protocol should fit the following criteria:
- equipment that is inexpensive, readily obtainable, and simple to build and deploy
- techniques that can be used in a variety of field situations
- straightforward, rapid data collection and analysis methods
- acquisition of data which are replicatable, unbiased, and include variance estimation
- guidelines that can be used by individuals with diverse training backgrounds
21.2 Need for a standard sampling protocol
Standardization is most important for individuals who plan to compare their data with results
from other studies, or among years within the same study. Included in this group are scientists,
biological consultants, fisheries managers, and individuals from power plants, water treatment
plants, and industries. The types of investigations which will require monitoring data include
studies on the efficacy of control measures in water intakes, effects of zebra mussels on native
biota, and long-range population studies of zebra mussels. People who are primarily interested
in presence or absence data will also benefit from the use of established techniques which
minimize sampling effort while maximizing information gain.
1.3 Purpose of this document
The purpose of this document is to outline a series of zebra mussel sampling protocols which fit
the criteria listed above, and can be used by anyone interested in uniform sampling. Most of the
material in the guidelines is intended for individuals who do not have a background in biological
sampling. If these protocols are widely used, the information obtained will be comparable
between studies, between bodies of water, and between years. A variety of protocols is
presented to fit a variety of information needs. Choice of which protocols to use will depend
upon the needs of the investigator. People who are primarily interested in detecting the presence
of zebra mussels and who have limited funds or access to open water may decide to only deploy
substrate samplers which they check every one to two weeks during the summer. Monitoring
zebra mussels does not require use of all of the techniques describedere.
The protocols only describe one or two common methods for each type of data collection;
insofar as there are several methods to acquire the same data, investigators may want to use
equipment which is more familiar or available to them, or is already being used as part of an
ongoing study. For example, veligers can be sampled using a plankton net, Schindler-Patalas
trap, Juday trap, or a Clarke-Bumpus sampler. Use of alternate methods is appropriate if the
results are of comparable quality and can be quantified. If alternate sampling techniques are
used, be sure to replicate your samples, quantify in standard units, collect the ancillary data
described here, and report differences between your methods and the standard protocol.
1.4 Early detection of zebra mussels
Personnel at power plants, water treatment facilities, marinas, and other water use areas may
require rapid information about the arrival of zebra mussels in their area. Identification of the
"best" technique for early detection of zebra mussels is problematic. The first life stage which is
likely to colonize a new area is the planktonic veliger, which can drift into new areas or be
transported in bilgewater. Adults may also colonize new areas by being transported on the hulls
of boats or ships. Sampling for veligers has a fairly high probability of producing "false
negative" results, because the distribution of veligers is highly clumped. In several instances,
adult mussels have been found in intake pipes after a season of negative results from veliger
monitoring. Sampling of settled larvae is a more reliable indication of the incipient formation of
a local zebra mussel population, but requires a sensitive technique to maximize early detection of
these microscopic animals. Concrete blocks are commonly used as a readily available substrate
on which settled larvae can be detected. However, the larvae can only be seen once they become
visible against the coarse texture of the concrete. At this stage, the larvae may have been settled
for several weeks. In contrast, newly settled larvae will be highly visible on a settlement plate
3with a smooth surface. Under some circumstances, microscopic examination of a settlement
plate to detect the earliest settling stages may be desired.
Early warning of the presence of zebra mussels can best be achieved by a sampling regime that
involves plankton sampling and placement of settlement plates, in combination with regular
examination of surfaces for settled adults. Veliger sampling will be most effective in areas
where there is a mild current that may carry the veligers from a distant location. Settled larvae
can best be detected by examination of substrates on which they settle preferentially. These
materials include PVC and iron (Fig. 1; Walz 1973, 1975). An optimal sampler would consist of
glass slides fastened to PVC plates. The PVC will enhance the probability that larvae will settle,
while the glass slides will permit standard measurement of settling densities and examination of
microscopic stages. Adult zebra mussels are most likely to be found in dark areas, in corers or
crevices, and in areas where there is a gentle current (not more than 2 m/sec). The adults can
only attach to hard substrate, so in muddy areas they will be found attached to embedded rocks,
native clams, or crayfish.
Settled mussels per
10cm2
W-// -//
copper brass Plexiglas aluminum concrete
Substrate type
zinc iron PVC
Figure 1. Settling densities of zebra mussel larvae on different substrate materials (from Walz 1973).
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42. ZEBRA MUSSEL BIOLOGY
The life history of zebra mussels is described in detail, with an annotated bibliography of
European literature, in Mackie et al. (1989). The purpose here is to summarize the biology of
the zebra mussel in order to point out salient features of their behavior which will affect
sampling.
2.1 Morphology
Zebra mussels are freshwater bivalves (family Dreissenidae) native to the Black and Caspian
Seas. The name polymorpha (many forms) is indicative of the large variability in many of their
characteristics. Adult mussels have a distinctively-shaped shell (Fig. 2) which is variably
banded with black or brown and cream stripes. While most mussels have jagged, lateral stripes,
some may have single longitudinal bands, and all-cream or all-black individuals have been found
in Europe and North America (Fig. 2). The shell shape is diagnostic for identification, however.
Only one native mussel, Mytilopsis feucopliaeta, could be confused with Dreissena. M (ucopliaeta is
found in brackish, estuarine waters and in the upper Mississippi River (MacNeill 1991).
length
Figure 2. Adult zebra mussels, showing range of different shell patterns and axes used for length and
height measurement.
2.2. Reproduction and growth
Adult zebra mussels reach a maximum length of 4 cm (1.6") and live for up to nine years,
although three to five years is usual. Typically, they mature sexually in their second year,
although in Lake Erie and Lake St. Clair they generally mature in the first year of life.
Individuals larger than 10 mm are usually mature, although females can mature at 7 mm and
males at 6 mm (Smirnova 1990; J. Nichols, Great Lakes Fishery Laboratory, personal
communication). The sexes are separate, and gametes are released synchronously into the water
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column for external fertilization. Reproduction begins when the water temperature remains
above 10oC (50oF) for one to two weeks, and spawning is stimulated by water temperatures of
12oC (54oF) and by the presence of gametes in the water. Individual females release 30,000 to
40,000 eggs each year during a period of several weeks. In Lake Erie, two spawning peaks have
been noted, in late July and late August (D. W. Garton and W. R. Haag, Proceedings of the
International Zebra Mussel Conference, Columbus, Ohio, Dec. 1990). The egg hatches within a
few days into a 40-70 pm (0.0016-0.0028") diameter veliger. The veliger is a ciliated, free-
swimming planktonic stage which can be readily transported in water currents. Veliger densities
as high as 400,000/m3 have been observed (Smirnova 1990). The veligers grow for eight to 15
days, during which time they develop a clam-like shell and grow to 150-250 gpm (0.006-0.01").
As the shell develops the veliger becomes too heavy to swim and settles onto the substrate.
Settlement may occur at a range of sizes (Lewandowski 1982); in the Great Lakes, settling
larvae are generally 180-250 ptm (G. Mackie, University of Guelph, personal communication).
The settled larva, referred to as a post-veliger or spat, initially has a round, symmetric shell. If
settlement occurs on a hard substrate, the larvae may crawl around for several days before
extruding glue-like threads (byssal threads) to attach itself to the substrate (Lewandowski 1982).
The larvae prefer dark areas (such as the underside of a suspended surface) with currents which
will transport food organisms. In studies by Walz (1973), settlement on the undersurface of test
plates was over an order of magnitude greater than on the upper surface. Settlement is inhibited
in currents greater than 2 m/sec (6.6 ft/sec), and feeding slows in currents of 1-1.5 m/sec.
Textured substrates appear to provide a good surface for attachment. The larvae aggregate in
cracks, corers, and adjacent to each other.
Although attached zebra mussels are difficult to displace, due to the strength of the byssal
attachment, they can voluntarily detach from the substrate and move around using their muscular
foot. Live mussels which have accidentally or purposefully become detached will readily re-
attach to the substrate by producing new byssus threads. In dense colonies, however, mussels
are often anchored in place by their neighbors.
Settled larvae may grow 5-20 mm (0.2-0.8") in their first year of life, although under optimal
conditions they can grow up to 0.21mm/day (J. Nichols, personal communication). They are
highly efficient filter feeders, removing any particles between 15 gpm and 450 pm from the water
column (Sprung and Rose 1977). Items that are not suitable for ingestion are aggregated into a
mucoid ball and ejected as pseudofeces. Zebra mussel colonies can create sizeable
accumulations of humus due to the production of this pseudofecal matter.
2.3 Distribution
Veligers can be found from 0 to 7 m depth, although their maximum density occurs between 3-7
m (10-23') depth along the perimeter of lakes (Mackie et al. 1989). The larvae tend to be
clumped rather than randomly distributed through the water column. The veligers undergo a
diurnal vertical migration, remaining in deeper water (8-10 m) during the day and ascending in
the water column during the night. Adult zebra mussels can be found as deep as 55 m (180'), but
the depth of maximum abundance is usually between 2-4 m (6-12'; Mackie et al. 1989).
Maximum densities have occurred in some European lakes at up to 15 m (49') depth.
63. SAMPLING VELIGERS
3.1 Outline
-sample at a minimum of three sites in open water at least 1 km (0.6 miles) apart; minimum of two sites in
flowing water, one in center of current and one near edge
- minimum of two repicate samplesfrom each site
-sampler: 63 or 64 gm mesh plankton net with O.5m opening, 1:5 diameter:length bias; _r 12 literSchindler-
fatalas trap.
- method: open water- vertical towfrom 5 m depth or 0.5 m above the bottom; or oblique tow starting at 5 m
flowing water -five minutes in current at 2 m depth
pumped sample -sample 200 Liters (53gallons) through net
-sampling interval: once per weekwhile water temperature is above 10C
-preserve sample in 5% sugar formain or ethanol (see Appendi I)
-count veigers in five sub-samples from each sample
-report mean number ofvefigers/ma nd variance
- ancillary data:
water temperature at surface
Secchi diskdepth
direction and rate of current
- optional data:
water temperature at 3 m, 5 m, and10 m
adjacent substrate type
Ca++ concentration
organic carbon and chlorophyll concentrations
identifiation, enumeration of otherplanktonic organisms in samples
3.2 General comments
Veligers are microscopic, planktonic organisms. In order to estimate their abundance in the
water column, they must first be concentrated by sieving a known volume of water through a
plankton net. The net mesh must be sufficiently small to retain the veligers. The distribution of
veligers can be highly non-random in time and in space due to the synchronous release of egg
within a colony (Stanczykowska 1964 and references therein). In consequence, a single sample
from a single location has a high probability of not containing veligers, even if veligers are
present in an adjacent area or were present one week previously. The challenge is to determine
the optimal intervals of distance and sampling frequency that will maximize the probability of
finding veligers while minimizing the sampling effort. Replicate samples must be taken in order
to estimate the variance in the veliger densities. Otherwise, a single sample taken by chance
within a clump of veligers could yield a significant overestimation of veliger abundance.
Veliger densities may occur over several orders of magnitude. When veliger densities are low,
large volumes of water must be sampled to detect the veligers. One method to sample large
volumes of water is set up a plankton net so that water is pumped through the net slowly for a
period of several hours. When veliger densities are high, other planktonic organisms will also be
abundant. The volume of water sampled should therefore be reduced in order to facilitate
counting the veligers and to avoid clogging the plankton net. The sampling volumes
recommended below should be adequate for detection and counting veligers until densities
7become very high (>10,000/ml3). If net clogging becomes a problem, or veliger densities are
too high to count without diluting the sample, reduce the sample volume. Record the volume
sampled in order to estimate veliger density.
3.3 Sampling period
Zebra mussels release their gametes (eggs and sperm) after the water temperature has been
maintained at 120C (540F) for one to two weeks. This temperature normally occurs in mid-May
in the lower Great Lakes, but can vary considerably from year to year and between different
locations. Therefore, the water temperature should be monitored starting in the early spring.
Sampling the water column for veligers in unnecessary until the local water temperature has
reached 12oC (54oF).
3.4 Equipment
- one plankton net with a 0.5m opening, 63 or 64 gm mesh (= size 25; 200 meshes per inch), and
1:5 bias. Attach a wide-mouth mason jar screw lid rim into the end of the net using a
hose clamp. Attach small lead weights to the hose clamp to assist rapid sinking of the
net. Alternately, use a 12 L Schindler-Patalas trap for shallow water samples.
- (optional) electronic or digital flow meter mounted in the mouth of the net. If the net clogs at
all during sample collection, the flow meter will give a better estimate of how much
water actually flowed through the net than could be derived from calculations using the
length of the tow.
- one case of wide mouth one pint mason jars with lids
- 8 liters (2 gallons) of 10% sugar formalin or ethanol
- (optional) sieve made from the rim of a jar lid with 64 p.m plankton net mesh glued inside
- squirt bottle or water pump
- clipboard, pencils, standard forms (see Appendix III), and sample labels
- thermometer or temperature probe
3.5 Open Water
Sample site: Samples should be taken at a minimum of three sites one kilometer (0.6 miles)
apart during each sampling period, to reduce the chances of finding "false negatives", and to
maximize the calculation of variance between samples. These sampling sites, once chosen, must
be consistently used. Offshore sites can be located using Loran coordinates or compass bearings
taken on a minimum of three points. Near-shore, shallow sites can be marked using a buoy;
however, keep in mind that the buoys may move or be lost in severe weather, so have a back-up
site locator (such as compass bearings, navigation buoys, or landmarks). Where possible,
nearshore sites should be at least 12 m (39') deep to avoid collection of sediment in the plankton
net and consequent net clogging. Net clogging can also be avoided by sampling over hard
substrates, or sampling after a period of clear weather when disturbed sediments have had time
to settle.
Note: the Schindler-Patalas plankton sampler is an good alternative to a plankton net for shallow
water samples. However, because it is more expensive, more delicate, and somewhat more
complicated to deploy than a plankton net, methods for its use are not described here.
Investigators familiar with the Schindler-Patalas sampler are encouraged to use it.
8Vertical plankton tow:
(1) Prepare the net by screwing a wide-mouth one pint mason jar into the jar lid attached to the
end of the net.
(2) Record the sample number, date, time, station identification, bottom depth, and initial flow
meter reading (if available) on the sample form. Label sample jars (see example,
Appendix 2).
(3) Drop the net to 5 m (15') depth or to 0.5 m (1.5") above the bottom, whichever is shallower.
Retrieve the net by pulling it vertically through the water column with a steady, unhurried
hand-over-hand motion. Retrieval to the surface should take approximately 10 seconds
(0.5 m/sec).
(4) Note the final flow meter reading, if available. Calculate the volume of water sampled as
follows:
volume sampled = (length of tow) x (n) x (radius of net opening)2
If a flow meter is used, the volume of water sampled with the net can be calculated from
the flow meter reading using the instructions for the particular type of flow meter used.
(5) Wash down the sides of the net from the outside (to avoid adding additional organisms to the
sample) to wash any organisms on the netting into the jar. Washing can be done with a
water pump, hand bilge pump, hand pumped fire hose, squirt bottle, or with water in any
small, clean container. When the net is clean, carefully remove the jar.
(6) Drain the jar to one half full by pouring its contents through a section of the plankton net
mesh. Wash any sample accumulated on the mesh into the jar using a squirt bottle.
Alternatively, make a sieve using the rim of a Mason jar lid with plankton net mesh glued
into it, then pour excess sample through the sieve. Flush the sieve into the sample jar.
(7) Preserve the sample by filling the sample jar with 10% sugar formalin or ethanol. Invert the
jar several times to ensure mixing. This will dilute the preservative to the required 5%.
(Note: use of other preservatives such as Lugol's solution will damage the veligers and
hinder identification)
(8) Estimate the total volume of collected material, after it has completely settled (several hours
to days).
(9) After use, rinse the plankton net to remove any remaining organisms and allow the net to dry
in order to kill any remaining veligers.
If observation of live specimens is required in addition to enumeration of veliger densities,
divide the fresh sample into two equal parts after shaking to evenly distribute the contents in the
water. Keep one sub-sample cool to increase the longevity of the organisms, and preserve the
other sub-sample by adding a equal volume of sugar formalin or ethanol. Remember to multiply
the number of veligers by 2 (the dilution factor) when calculating densities from these samples.
Oblique plankton tow:
If veliger densities are extremely low, either due to low water temperatures or absence of many
settled adults, you may want to sample a larger volume of water. Multiple vertical plankton
tows will provide a larger sample, as will pumping water through a net (see below).
Alternatively, you can do an oblique plankton tow. Set the net at 3 m (or 0.5 m above the
bottom if water depth is less than 3 m) and pull it to the surface while either towing it behind a
boat, or walking along the shoreline. Ideally, an oblique tow should only be done from shore
adjacent to a dock or breakwall, where the water is quite deep immediately adjacent to the land.
When doing an oblique tow from a boat, the boat speed must be slow (approx. 2 knots). Several
problems may be encountered when doing an oblique tow, including snagging the net on the
bottom, disturbance of loose sediments and consequent clogging of the net, and the difficulty of
estimating the volume of water sampled. Measurement of the volume of water sampled requires
use of a flow meter; however, inexpensive flow meters (<$200 US) may not give an accurate
measure of the volume of water sampled. Even when veligers are absent, other plankton may be
abundant, and the net is likely to clog rapidly.
Pumped sample:
Pumped sampling is useful in shallow water and other areas where disturbed sediments or
plankton blooms may clog a plankton net. By pouring or pumping water through the net, the
flow of water through the net can be controlled to prevent overflow and consequent
overestimation of the volume of water sampled. Pumped samples can also be taken in rivers
where the current is too strong to deploy a net. Water use facilities may choose to pump a
sample of water through a plankton net in preference to deploying the net in a water intake.
(1) Prepare the net. Screw a wide-mouth one pint mason jar into the jar lid attached to the end
of the net.
(2) Record the sample number, date, time, and station identification on the sample form. Label
sample jars (see example, Appendix 2).
(3) Suspend the plankton net vertically in a location where water can flow freely through the
mesh. The manner of deployment will depend upon the sampling location. In an indoor
facility, for example, the net can be suspended inside a clean steel drum with an outlet
valve at the bottom. Near a marina, the net could be suspended between docks, or
supported by a makeshift frame.
(4) Methodl: Using a container with a known volume (e.g., a 20 L or five gallon bucket), pour
a total of 200 liters (53 gallons) of water through the plankton net. Pour sufficiently
slowly that no water overflows from the net.
Method 2: Using a hand pump (e.g., a hand bilge pump or fire pump), pour approx. 200
liters (53 gallons) of water through the net. Pump sufficiently slowly that no water
overflows from the net. Record the volume of water filtered through the net.
Proceed to steps 5 through 9, above (p. 8).
3.6 Flowing Water
Sample site:
Samples should be taken from a minimum of two sites, one near-shore and one in the open
current. Slower currents near the shore will be more conducive to veliger settlement, whereas
veligers in the center of the current will be carried downstream. Care must be taken in the
choice of sites to avoid areas where silt and debris may clog the net. Mark the sites using
landmarks or stakes so that the same sites can be used repeatedly.
Collection procedure:
(1) Prepare the net. Screw a wide-mouth one pint mason jar into the jar lid attached to the end of
the net. Attach a 2.5m (7.5') stake to either side of the net opening, with the net 0.5 m
above the lower end of each stake (Fig. 3). This ensures that the net will be above the
substrate when deployed, to reduce quantities of bottom silt entering the net.
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(2) Record the sample number, date, time, station identification, and initial flow meter reading
on the sample form. Label sample jars (see example, Appendix 2).
(3) Using the stakes as handles, lower the net to 2m (6') below the surface, or as deep as possible
without disturbing loose sediments. The ends of the stakes can be set on the substrate to
steady the net. To avoid inadvertent collection of material during deployment, the net
should be submerged so that the opening faces downstream and the netting is folded over
the edge of the opening (Fig. 3). When the correct depth and location is reached, turn the
net rim by 1800 so that water flows through the net. Reverse this procedure when the
sample period is ended. Sample for 5 minutes. Use the stakes to hold the net in position
during sample collection. Adjust the sampling time according to the volume of plankton
collected; if too much plankton appears in the sample, decrease the sampling time.
(4) Record the sampling duration and flow meter reading. If a flow meter is not available,
estimate the current flow by timing the passage of a floating object over a known distance.
Use this estimate to calculate the volume of water which flowed through the net over the
sampling interval. The current must be re-estimated for each day of sampling.
Proceed to steps 5 through 9, above (p. 8).
CURI
FLOW
Figure 3. Plankton net deployed in flowing water
3.7 Water Intakes
Water intake samples will primarily be used by individuals concerned with veligers infesting
water works or water cooling stations. When information on the efficacy of control measures is
required, two sampling stations should be set up: one at the water intake upstream of the control
initiation point (e.g., chlorine injection), and one within the plant at the point at which zero live
veliger presence is required.
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Sampling can be done using any of the three methods described above. A vertical plankton tow
can be used in a wet well or settling tank, a plankton net can be deployed in an intake pipe so
that water flows through the net, or water can be pumped or poured through a suspended net.
3.8 Collection of ancillary data
At each sample site:
(1) Measure water temperature at the surface. If a temperature probe is available, measure water
temperature at 3 m, 5 m, and 10 m. Report water temperatures in degrees Centigrade.
(2) Measure and record the Secchi disk depth. Attached a Secchi disk to a line and lower it into
the water until the white quarters are no longer visible. The depth at which the white
disappears is the Secchi disk depth. For accurate estimation of depth, the line must be
vertical when the measurement is taken; additional weight may be necessary to hold the
disk down in a current.
(3) Record the depth at which the sample was taken.
(4) Record the direction and velocity (m/sec) of local currents. In open water, this will vary
according to weather patterns. In intake pipes, current is equivalent to the intake velocity.
For flowing water samples, carefully measure the current at each of the sample sites.
If possible, also measure Ca++ concentration, chlorophyll content of the water, and organic
carbon using APHA standard techniques (APHA 1985).
3.9 Counting veligers
Veliger identification:
Veligers collected in the plankton tow will range from 40 to 250 pLm, and can only be observed
using a microscope with at least 30x magnification, and preferably 40x magnification.
Photographs of veligers have been published by Hopkins (1990), and a diagram of a veliger is
shown in Fig. 4 with common plankton of a similar size range. Post-trocophore larvae (L60 pm)
can be readily identified, as they look like microscopic clams. The only other organism which
could be confused with a zebra mussel veliger is the veliger of the introduced Asian clam,
Corbicufafluminea. Corbicua are found in 35 states, with upper range extensions 25 miles north of
Cincinnati in the Ohio River, and in Lake Sangchris, Illinois off the Mississippi River
(McMahon 1983). The most northern populations are usually associated with warm water
effluents from power plants. In areas where the species overlap, differentiation of Cor6icula and
Dreissena veligers may be difficult; the primary distinction is the slightly flattened hinge in the
Coricula veliger (Fig. 4).
Newly hatched trocophore larvae may lose several features such as the cilia and velum during
preservation. If identification of this brief stage is required, observation of live veligers is
advisable. Veligers can be kept alive for up to a week if the sample is placed in an ice chest
immediately after collection and is maintained at approximately 50C.
Presence/absence data:
Prior to the first detection of zebra mussel veligers in a local area, portions of each sample can
be pooled to look for veligers. Large volumes of water can be scanned by pouring 25 ml into a
Petri dish and examining the dish under a dissecting microscope. Once veligers are seen in one
of these pooled samples, you must go back and count the veligers in each original sample from
that date to obtain quantitative data.
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Figure 4. Size comparison of zebra mussel larvae with other common planktonic organisms. Sizes are
approximate.
To maximize the probability of detecting veligers in a plankton sample, veligers can be
concentrated in the sample by either of two methods:
(1) Add a few drops of ethanol to the fresh (unpreserved) sample. This procedure will slightly
anesthetize the veligers, which will sink to the bottom. A drop of water can then be pipetted
from the bottom of the sample jar and placed on a microscope slide for observation.
(2) Make up a sugar solution of 338 g sugar (sucrose) in one liter of water. Draw 15 ml of the
solution into a 25 ml separating pipette, then seal the bottom opening with parafilm. Using a
Pasteur pipette, add 10 ml of the plankton net sample on top of the sugar solution, and start
timing. Carefully fit a rubber bulb over the top of the pipette so as not to force liquid out of the
pipette. Remove the parafilm from the bottom opening, and wipe off any drop of liquid that
forms. Place a depression slide under the pipette. After 20 minutes, release one or two drops
onto the depression slide. These drops should contain a high density of veligers which have
settled through the sugar solution, leaving large plankton behind. Examine the slide under 30x
magnification with substage illumination.
Lrlese techniques shouldonly 6e used for rapid detection of the presence of veligers; they shouldnot 6e usedif
the density ofveigers is to be catulated
Veliger densities:
Veliger densities may vary by several orders of magnitude between sample sites. Densities as
high as 250,000/m3 (250/L) have been reported in Lake Erie (H. Reissen, Proceedings of the
International Zebra Mussel Conference, Columbus, Ohio, Dec. 1990). A vertical tow sample
from 5 m in this density of veligers would collect:
(depth) x (r) x (radius of net mouth)2 = volume of water sampled
(5 m) x (3.14) x (0.25 m)2 = 0.98 m3
(Green alga)
issena Dreissena
iger post-
veliger
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(volume of water sampled) x (veliger density) = # veligers in sample jar
(0.98 m3) x (250,000 veligers/m3) = 245,400 veligers
If 1 ml sub-samples are taken from the 473 ml collection jar to count veligers, each will contain
(number in sample)/(volume of sample jar) = number/unit volume(245,400 veligers)/(473 ml) = 519 veligers/ml
Counting this many animals under a microscope is not only time consuming, but is difficult to
do accurately. An efficient counting protocol will minimize the number of organisms to be
counted while also minimizing the variance between samples. Counting precision can only be
estimated by counting replicate sub-samples, then calculating the variance between the counts.
To minimize variation between sub-samples, each sub-sample count should include
approximately 60 individuals. If there are extremely few veligers in the sample, so that some 1
ml have no veligers at all, examine the total contents of 10 ml of sample (= 10 Sedgewick-Rafter
cells).
Equipment:
- stereomicroscope (dissecting microscope) with magnification to at least 30x, preferably to 40x.
- ocular micrometer (Whipple disk) for microscope
- Sedgewick-Rafter counting cell (Fig. 5) or plankton wheel
- disposable Pasteur pipettes and rubber suction bulbs
Counting procedure:
(1) Mix the preserved sample thoroughly by gently shaking the jar. Remove approximately 1 ml
of sample from the middle of the jar (avoid the bottom) using a pipette. Place a cover
glass diagonally across the Sedgewick-Rafter cell. Fill the cell slowly until the water is
evenly in contact with the cover slip. As the water comes in contact with the cover slip,
the slip will swivel until it covers the cell.
(2) Place the Sedgewick-Rafter cell on the microscope stage.
High veliger densities: count veligers in as many Whipple squares as needed to obtain a
total of approx. 60 veligers. If there are more than 60 veligers per Whipple square, dilute
the original sample by one half, then again by one half, until an adequate density has been
reached. To ensure unbiased selection of Whipple squares, list the order of squares to be
counted before viewing the slide. Pick squares such that edge and center squares are
interspersed during counting, eg., 1, 8, 15, 22, 4, 11, 18, 25, 7, 14, 21, 3, 10, 17, 24, 6, 13,
20, 2, 9, 16, 23, 5, 12, 19 . Count veligers that lie on the upper and right-hand lines, but
not those that lie on the lower and left-hand lines. Record the dilution and the number of
squares counted. Record the total number of veligers in the five squares.
Low veliger densities: count the number of veligers in the entire Sedgewick-Rafter cell by
scanning evenly back and forth over the cell. Count the cell at least twice, or until the
same total is reached twice.
(3) Repeat the procedure for a total of 5 samples from each sample jar. Record each count
separately on the sample form.
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Figure 5. Sedgewick-Rafter cell for counting veligers and plankton
Calculation of veliger densities:
Determine the number of veligers per liter of lake water as follows:
veliger density = (number in sample jar)/(volume of water sampled)
where:
number in sample jar = (number/unit volume) x (volume of sample jar)
The volume of the sample jar should be 473 ml (the volume in a one pint Mason jar). The
volume of lake water sampled should be
(depth of tow) x (n) x (radius of net mouth) 2 = volume of water sampled
(3 m) x (3.14) x (0.25 m)2 = 0.59 mS
The number of veligers per milliliter of sample is calculated for each Sedgewick-Rafter cell as
follows:
veligers/ml = N x 1000 Qmm3 df
AxDxF
where: N = the total number of veligers counted
df = dilution factor (e.g., df = 2 if sample was diluted by 1/2 for counting)
A = area of a field (Whipple grid image area) in mm2
D = depth of a field (Sedgewick-Rafter cell depth) = 1 mm
F = number of fields counted
Because the volume of a Sedgewick-Rafter cell is 1 ml, if the entire cell is counted the divisor
will be 1000 mm3. If subsets of the Sedgewick-Rafter cell are counted using a Whipple square,
the area of the fields counted will need to be ascertained using a stage micrometer to calibrate
the size of a Whipple square at a given magnification. At lOx, a Whipple square is
approximately 1 mm wide.
Calculate the mean number of veligers per cubic meter by averaging over the five samples.
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Calculate the variance among the samples using the following equation:
S2 = (X- 2
n
where: x = number of veligers in each of the five samples
S= the mean number of veligers in the five samples
n = the number of samples = 5
Some people prefer to report veliger densities as number per liter. To convert from veligers per
cubic meter to veligers per liter, multiply by the number of veligers by 0.001
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4. SAMPLING SETTLED LARVAE
4.1 Outline
- locate sample at sites of interest
- samplingplates: 20 standard2.5 X 7.5 cm microscope slides
- method: deploy slide rack§ at 3 and5 m, suspendedfrom an anchored buoy (rg. 6). ttrieve andreplacefive
slides at each sampling interval. Alternate slides so that each is inplace two weekf before retrieval.
Once per month, retrieve two slides which have been in racksince deployment.
- sampling interval: once per weekwhile water temperature is above 10 C
-preserve slides in sugar formain or ethanol
-scrape one side of each side clean with razor; count settled arvae in 1 cm squares on each slide until260
larvae have been counted
- calculate surface area counted on each slide; report data as larvae per m2
-anciflary data:
water temperature at surface
Secchi diskfdepth
direction and rate of current
- optional data
water temperature at 3 m, 5 m, and10 m
adjacent substrate type
Ca+ concentration
organic carbon and chlorophyll concentrations
identification, enumeration of other organisms settled on slides
4.2 General comments
Larval settlement is affected by substrate type, substrate texture, depth, light, water currents,
proximity to other mussels or adjacent surfaces, and ionic concentrations. Figure 1 gives an
indication of how severely settling densities can be affected by substrate material. Settling
veligers select substrate both during and after settlement. The settled larvae can crawl at rates up
to 3.8 cm/hr for several days before making a permanent attachment to the substrate
(Lewandowski 1982). During this period they may be seeking a more optimum surface than the
one on which they originally settled. Because larvae may move off a sampling plate after
settlement, the numbers of larvae estimated may be affected by the period of plate immersion.
Larval counts will also be affected by the following factors:
- sampling plate orientation - if the plate is horizontal, different numbers of veligers will
settle on the upper and under surfaces, due to light avoidance. Larvae settlement will
also be different on horizontal versus vertical surfaces.
- edge effects - larvae appear to be thigmotaxic, Le., they aggregate near corers or each
other.
Microscope slides are optimal settling plates, because (1) they are readily available, (2) they are
uniform from source to source, (3) they are inexpensive and disposable, (4) veligers are readily
observed against a smooth, uninterrupted background, and (5) slides can be readily examined
under a microscope if detection of the smallest settled larvae is important. Lewandowski (1982),
D. Garton (Ohio State University, personal communication) and others report good settlement of
veligers on the slides. Microscope slides are also an accepted standard for limnological studies
involving settlement (Lind 1979, APHA 1985). The small size of microscope slides relative to
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other samplers (e.g., Hester-Dendy periphyton samplers, 6x6" Plexiglas plates) does not affect
the settlement of larvae; only the surface available to examine is reduced. Because mussels will
be counted in square centimenter units, there is adequate surface available on a microscope slide.
Larval settlement on slides, as on other surfaces, is enhanced if the slide has been "prepared" by
immersion in fresh water for one to two weeks, during which time the slide becomes colonized
by a microscopic layer of biological material.
4.3 Sample site
Deployment of the artificial substrates can be the most difficult part of zebra mussel sampling,
because the apparatus may be vulnerable to storms and currents. If you are monitoring in the
open waters of the Great Lakes, expect to lose several samplers, no matter how well you have
anchored or protected them. Losses may be reduced if you:
- choose a protected site, such as a bay
- deploy replicate sets at each site whenever possible
- use at least 1/4" line for buoys and anchor attachments
- wherever line may chafe, such as where it runs through a buoy ring or where it is
attached to a cinder block anchor, protect the line with a rubber sleeve such as garden
hose or Tygon tubing, or use chain.
- if possible, deploy the sampler from an existing anchored structure such as a breakwall,
dock, or navigation buoy (Fig. 6). Coast Guardpernission must be obtainedbefore attaching
equipment to a navgation buoy.
- use twice as much weight for an anchor as seems necessary. Three cinder blocks
chained together is a minimal anchor for areas where waves may reach 1m (3-4') high.
- maximize the scope on the buoy (i.e., length of line relative to water depth). Use at
least a 5:1 to 7:1 ratio of line to depth.
Suggested methods for deployment of the rack are illustrated in Fig. 6. Three and five meters
have been chosen as standard depths for deployment because this is the range in which settled
larvae are most commonly found (Mackie et al. 1989).
meters
Figure 6. Suggested method for deployment of settling rack.
18
4.4 Equipment
- 2.5 x 7.5 cm microscope slides
- indelible pen or paint for labeling slides
- settling rack for holding up to 20 slides (see below)
- large-mouthed jars of sufficient size to contain slide holders
- 2-3 liters 5% sugar formalin or ethanol
- ropes, anchors, and buoys to suspend slide rack at desired depth.
- razor for scraping slides
- clipboard, pencils, standard forms and sample labels (Appendix II)
4.5 Settling rack
Periphyton sampling racks which hold a number of microscope slides can be purchased from
suppliers listed in Appendix I. These racks are small and will not withstand heavy weather, so
they are primarily useful in protected or still water. Alternatively, any arrangement that will
firmly hold 10 to 20 slides in a vertical position in the water is sufficient. Investigators who
have previously used 6x6" PVC or Plexiglas settling plates should consider simply attaching
microscope slides to their existing plates using a bulldog clip or equivalent fastener. Horizontal
deployment introduces the possibility of bias between the upper and lower surfaces, and so
should not be used.
Example 1: Remove the bottom from a microscope slide file box, leaving a frame with slots to
hold slides. Or, make a small wooden or Plexiglas box, with no top or bottom, with slots in the
sides to hold slides an equal distance apart (Fig. 7). After slides are inserted into the box, hold
them in the box using sturdy rubber bands or cord wrapped around the sides. Slides should be
placed 2-3 cm apart.
Example 2: Insert slides vertically into a wire frame test tube rack, one slide per square. Hold
slides in place with a short, heavy rubber band placed around the projecting ends of two adjacent
slides.
( eye bolts
for harness
wood or
plastic
frame
I rm I
micro-
scope
slides
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I
K-(g) 3 m.
Figure 7. Slide rack for sampling settling zebra mussel larvae.
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4.6 Collection procedure
(1) Label microscope slides using an indelible marker or paint. Fasten 20 slides firmly in place
in the rack.
(2) Deploy the rack so that it is suspended at a depth of 3 m or 5 m. A choice of depths is given
because one or the other depth may be inaccessible at some sites. Ideally, suspend a rack
at each depth from the same buoy-anchor line. Deploy the rack at least two weeks before
you anticipate settling may begin, in order to condition the slides. Place the rack so that
the current flows between the slides (ie., slides are parallel to the current).
(3) Once per week remove five slides (every alternate slide) from the rack and place them in an
empty slide box. Place the box in a jar of sugar formalin or in ethanol. Handle the slides
by the sides only to avoid damaging settled veligers. Place five new slides in the rack. On
the next sampling date, be sure to remove the next set of slides, not those that were newly
replaced. This way, each slide will be in place for two weeks before collection.
(4) Once per month remove two slides that have been in place since the rack was deployed.
These slides permit long-term settling to be observed, and will not be replaced.
4.7 Counting procedure
(1) In the laboratory, gently scrape one surface of each slide clean using a razor blade. Place this
side down on the dissecting microscope stage. Place a piece of graph paper which has 1
cm 2 divisions under the slide.
(2) Count all the veligers in each of five 1 cm squares which have been previously marked on
the graph paper in order to randomize the counts. Include veligers on the upper and right-
hand lines; ignore those which lie on the lower and left-hand lines. Record the total
number of veligers in all five squares; repeat the count for the second microscope slide. If
veliger densities are very high, count only as many squares as needed to reach a total of
approximately 60 animals. Record the number of squares counted.
(3) If a microscope is unavailable, count veligers in five 1 cm squares using the naked eye. Use
of a dark background, divided into a metric grid, will assist the count.
(4) If size measurements are required, determine what size square will contain approximately 50
animals. This may be one 1 cm square, or may be five 1 cm squares on each of two slides,
depending on how densely the veligers have settled. Measure the length of all animals in
the selected area using an ocular micrometer.
Do not reuse the slides. Even if the slides are scraped clean, their surface will be different (to a
veliger) than a fresh slide.
4.8 Collection of ancillary data
At each sample site:
(1) Measure water temperature at the surface. If a temperature probe is available, measure water
temperature at 3 m, 5 m, and 10 m. Report water temperatures in degrees Centigrade.
(2) Measure and record the Secchi disk depth.
(3) Record the depth at which the sample was taken.
If possible, also measure Ca++ concentration, chlorophyll content of the water, and organic
carbon using APHA standard techniques (APHA 1985). In the laboratory, identification and
enumeration of other settled organisms on the slides may be of interest in some studies.
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5. SAMPLING ADULTS
5.1 Outline
-locate sample sites in areas of interest
-sampler: 1m transect square divided into 10 cm squares; coring device
-sampling interoal: at investigator's discretion
- method:for multilayer colonies, select a random location, take a core sample of known area, count alfadults
within core; for low density colonies, count mussels in 10 cm square areas untilat least 60 have been
counted.
-estimate percent cover by zebra mussels within localarea
-preserve aduits in ethanol
- report data as mussels/m2
- ancillary data:
water temperature at surface andsampling depth
Secchii disfdepth
direction and rate of current
description of substrate type
- optional data
Ca++ concentration
organic carbon andchlorophyll concentrations
measure size of adults in 5 mm intervals
5.2 General comments
Sampling of adult zebra mussels provides information on their settlement and growth rates in a
local area. The sampling protocol is intended for enumeration of animals which are sufficiently
large to be visible to the naked eye. Adults can also be counted on substrates such as smooth
tiles which have been left in the water for several months. Note must be taken of the substrate
on which the adults are counted. Substrate material and texture will affect adult densities;
material texture will also influence counting accuracy of the smallest individuals, which may be
lost against a high relief background.
Some sampling for adult zebra mussels may require SCUBA divers. In particular, fixed sites
such as water intake structures can only be sampled in situ When only local densities are of
interest, however, use of artificial substrates will be simpler. For example, adult densities could
be measured on concrete blocks placed in the water in the early spring. This measurement
would provide a good estimate of adult densities on nearby concrete structures. Clearly, the
artificial substrate should be similar to the type of substrate on which estimates of mussel
colonization are needed. Measurement of mussel densities on natural substrates may often be
possible by sampling the substrate using a ponar grab, then counting mussels on the sampled
material.
5.3 Sample site
Choice of sites to calculate adult densities will depend upon the questions of interest to the
investigator. Note that adult densities will be dramatically affected by sampling location. Adult
mussels can only settle on hard substrate, and tend to prefer dark areas, corners, crevices, and
other zebra mussels. These factors must be noted when sampling to avoid bias. A report of
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adult zebra mussel densities must be accompanied by an estimate of what area of coverage is
represented by the measurement. For example, if you counted an equivalent of 10,000 zebra
mussels on a unionid clam isolated on a muddy bottom, report the distance to the nearest
adjacent group of zebra mussels.
5.4 Equipment
- 1m transect frame. This can be purchased ready-made, or can be easily constructed. Make a
square frame, lm on a side, using wood, 1" PVC pipe, or any other rigid material. Mark
ten evenly-spaced divisions along each side (10 cm intervals). Run cords or wire
between opposite sets of marks to form a 10x10 grid within the transect square. The
transect frame can be modified for special applications, e.g, the sides can be flexed
slightly for measurement of a curved surface, or single 10 cm squares can be constructed
for measurement of settlement densities on small surfaces such as buoys.
- coring device with a 8-12 cm (3-4.5") diameter. Ready-made corers tend to be very expensive,
and have diameters which are too small for an adequate sample. An alternative is an
aluminum food can opened at both ends. Cut the rim off one end to leave a sharp edge.
A dowel passed through two holes at the upper end of the can will serve as a handle.
Measure and record the opening diameter.
- fine-mesh bags, of material such as cheesecloth (pantyhose material has also been used
effectively).
- large zip-lock bags
- 2-3 liters of ethanol
- razor blades (the type used in paint scraping, mounted in a handle or having one blunted edge)
and paint scrapers
- hammer
5.5 Collection procedures
Procedure 1 (high adult densities, >10,000/m2 or multi-layer colonies):
(1) Place the im transect frame against the substrate to be sampled. Minimize inadvertent
"selection" of the area to be sampled, which will result in biased data. This can be
accomplished by dropping the frame onto a horizontal substrate. For vertical substrates,
one method is to keep your eyes closed, take several steps parallel with the vertical
surface, then place the transect frame against the surface.
(2) Place the coring device in the center of a randomly selected square. Note: to avoid bias,
select the square before placing the transect frame. Using whatever force is necessary (this
is where the hammer may come in useful), push the device into the colony of mussels until
its edges are firmly in contact with the substrate.
(3) Using a razor blade or paint scraper, remove mussels from around the device until there are
none within several centimeters of the device.
(4) Remove the device. If there is more than a single layer of mussels, measure the height of the
isolated plug of mussels, in centimeters. Carefully, to avoid damaging the animals, use a
razor blade to scrape the mussels into a mesh bag held under them. At the surface, transfer
the sample to a zip-lock bag and add alcohol to preserve the mussels.
(5) Repeat the procedure until five samples have been collected in separate bags.
Steps 2-5 of this procedure can also be used to estimate densities of mussels on introduced
substrates such as tiles, or on rocks which have been brought to the surface by divers.
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Procedure 2 (low adult densities, <10,000/m or single-layer colonies):
(1) Estimate how many 10 cm squares you will need to count to find a total of approximately 50
mussels. Select the required number of squares randomly before placing the transect on
the substrate. For example, number the squares from 1 to 100, then use a random number
table to select the squares by number.
(2) Place the transect square onto the substrate as described above.
(3) Count the number of mussels in each of the selected 10 cm squares.
(4) Remove the mussels from each of the selected squares using a razor blade; place the mussels
into a zip-lock bag and cover mussels with alcohol.
(4) Make a total of five replicate counts (ie., counts from five placements of the transect square,
with the same number of small squares examined in each).
(5) Calculate the total area counted in each 1m transect square (= number of small squares
counted x 100 cm2). Calculate the adult density as follows:
adults per square meter =number of mussels counted x 10,000
area counted (cm2)
Procedure 3 (loose, irregular substrate):
(1) Place the 1m transect square against the substrate as described above.
(2) Estimate how many 10 cm squares you will need to count to find a total of approximately 50
mussels. Select the required number of squares randomly before placing the transect on
the substrate. For example, number the squares from 1 to 100, then use a random number
table to select the squares by number.
(3) Within the selected squares, remove rocks or other particles to which mussels are attached.
Remove only those particles which have mussels attached, and which have 50% or more of
their mass within the sample square. Place all material collected into a zip-lock bag and
add alcohol to cover the sample.
5.6 Collection of ancillary data
At each sample site:
(1) Measure water temperature at the surface. If a temperature probe is available, measure water
temperature at 3m, 5m, and 10m. Report water temperatures in degrees Centigrade.
(2) Measure and record the Secchi disk depth.
(3) Record the depth at which the sample was taken. If the sample was taken in an intake pipe,
record the depth and location of the inlet opening, and where in the pipe (relative to the
opening) the sample was taken.
(4) Record the type of substrate sampled, e.g, broken limestone bedrock, vertical concrete
pilings, silty bottom with native clams, etc.
(5) Estimate the proportion of the area of interest which is covered by mussels. This can be
done in either of two ways:
Random distribution of mussels: Place transect square randomly (see above) on the
substrate, then count the number of squares which are more than half filled with mussels.
The percent coverage of mussels is then equivalent to the number of squares counted. For
example, if 43 of the 100 squares were more than half full of mussels, then 43% of the
area inside the transect square was covered with mussels. Repeat this for a total of five
transect square counts.
Clumped distribution of mussels: Measure five clumps as follows: measure the longest
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axis of the clump, then the length of an axis at right angles to the long axis. Record the
distance between each clump and the nearest adjacent clump.
If possible, also measure Ca++ concentration, chlorophyll content of the water, and organic
carbon using APHA standard techniques (APHA 1985).
5.7 Counting procedure
(1) In the laboratory, carefully separate the mussels from each other and count them. Discard all
mussels broken during the collection process. Carefully examine the shells of each mussel
to remove smaller attached mussels. Record the size of the smallest mussel that you count.
Measure the length of approximately 200 individuals as illustrated in Fig. 2. To select the
individuals for length measurement, sub-sample by gently breaking the colony apart
before separating individual mussels, so a random sub-sample is achieved.
(2) If possible, estimate the proportion of individuals which were alive during sampling. Dead
mussels will tend to have open, empty shells; however, some closed shells may be empty.
(3) If possible, record the wet weight of the sample, in grams.
(4) Calculate the density of the mussels using
density (N/m2) = number counted x 10,000
area counted (cm2)
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6. REPORTING RESULTS
Several extensive monitoring programs are already underway in the Great Lakes. These
programs provide regional coordination of sample collection and analysis, with dissemination of
information and sampling results. Results of independent monitoring can be reported to the
project leader of the regional monitoring program. Reporting of new zebra mussel sitings and
summaries of seasonal monitoring is highly encouraged.
Susan Grace Moore, Coordinator
New York Sea Grant Zebra Mussel Information Clearinghouse
250 Hartwell Hall
SUNY College at Brockport
Brockport, NY 14420-2928
Christine Pennisi, Area Advisor
Illinois-Indiana Sea Grant
University of Illinois
Cook County Circuit Court Building room 251
22121 West Euclid
Rolling Meadows, IL 60008
Charles Pistis
Michigan Sea Grant College Program
County Extension Office
101 Ottawa County Building
Grand Haven, MI 49417
Fred Snyder
Ohio Sea Grant Program
Bldg. 3, Room 12
Camp Perry
Port Clinton, Ohio 43452
Bill Murch
Ontario Ministry of Natural Resources
Aylmer District
353 Talbot St. 1.
Aylmer, Ontario Canada N5H 2S8
Allan Miller
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7. GLOSSARY
larva - sub-adult mussel between hatching from the egg and attachment to the substrate
Ponar grab - device for sampling hard bottom substrates from the water surface
post-veliger - zebra mussel larvae between settlement onto the substrate and attachment to the
substrate
Secchi disk - a 20 cm diameter metal or weighted wooden disk, painted in black and white
sections, which is used to estimate the amount of suspended matter (plankton and
sediment) in the water column. The disk is attached to a line and lowered into the water
until the white quarters are no longer visible. The depth at which the white disappears is
the Secchi disk depth. For accurate estimation of depth, the line must be vertical when
the measurement is taken; additional weight may be necessary to hold the disk down in a
current.
Sedgewick-Rafter cell - standard device for counting microscopic organisms under a
microscope. The cell consists of a microscope slide with raised sides, forming a
rectangle 1 mm high which holds approximately 1 ml of water.
transect square - 1 meter square frame divided into 10 cm squares using wire or string. Used
for calculating density of organisms on a flat surface.
veliger - free-swimming, planktonic larval stage of the mussel which occurs between hatching of
the egg and settlement onto the substrate. Note: strictly speaking, the stage which
hatches from the egg is a trocophore larva. This stage lasts only one or two days in
Dreissena.
Whipple square - a 1 mm square grid etched on a glass disk which is inserted into a microscope
eyepiece. Used to aid counting organisms per unit volume at high magnification.
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APPENDIX I - Equipment and Chemicals
Reagents
A note about preservatives:
Formalin (10% formaldehyde) is a traditional preservative for plankton samples. However,
formalin vapor is irritating to the eyes and nose, and prolonged exposure is carcinogenic. Great
care should be used to keep formalin contained and to only examine preserved specimens under
an exhaust fan or in a well-ventilated area. Ethanol is also a commonly-used preservative and is
gaining popularity because it is more benign to the user than formalin. However, state and
federal agencies are often required to use alcohol which has been denatured with compounds
such as acetone, which are irritating to humans and may affect the sample.
Sugar formalin: dissolve 80 g of granulated sugar in 1 liter of 10% formalin. Dilute with
sample by one half to produce a 5% solution. (Note: 10% formalin is a 9:1 dilution of water and
formaldehyde. Formaldehyde, as purchased, is a 37% solution in water). Buffer the formalin by
adding a handful of marble chips (calcium carbonate) to each liter of solution. Sodium
bicarbonate can also be used to buffer to pH 7.0
Alcohol: use 70% ethanol or isopropyl alcohol.
Equipment sources
(Note: identification of equipment manufacturers and distributors is provided for your
convenience, and should not be taken as endorsement of any kind).
Environmental Research Instruments, 70 Durham St., Guelph, Ontario, Canada, N1H ZY3
Forestry Suppliers, Inc., P.O. Box 8397, Jackson, MS 39284-8397, USA. 1-800-647-5368
Ernest A. Case, P.O. Box 45, Andover, NJ 07821, USA. 201-347-1365
Limno Tech, 137 Scarborough Rd., Toronto, Ontario, Canada, M4E 3M6. 416-698-0978
Wildco Wildlife Supply Company, 301 Cass St., Saginaw, MI 48602, USA. 517-799-8100
Estimated sampling costs
Prices for various critical pieces of sampling equipment are provided to assist investigators in
estimating the scope and strategy for their sampling program. Cost estimates, given in US
dollars, are approximate based on 1990 equipment prices.
Sampling veligers:
plankton net 0.5m, D/L ratio 1:5, 63um mesh $200
Schindler-Patalas plankton sampler $300
flow meter (Wildco) $165
Secchi disk $50
Sedgewick-Rafter counting cell $25
plankton wheel $77
dissecting microscope $500-$5000
Whipple disk or ocular micrometer $70
incidental costs for preservative, pipettes, clipboards, etc.
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Sampling settled larvae:
microscope slides ($14.00/gross) $0.10
periphyton sampling rack (ready-made) $38
incidental costs for lines, buoys, anchoring material, preservative, etc.
Sampling adults:
Ponar grab $300-600
incidental costs for constructing sampling frame and coring device
use of commercial divers can run from $50 to several hundred dollars per diver, and may
require a minimum of three divers per dive
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APPENDIX I - Conversion Tables
Multiply Reverse
by conversion
Centimeters
Cu centimeters
Liters
Meters
Meters/sec
Microns
Kilometers
Sq centimeters
Sq meters
feet
inches
liters
pints
milliliters
cu feet
cu meters
milliliters
pints (US liq)
centimeters
feet
inches
feet/min
km/hr
miles/hr
inches
millimeters
miles
sq meters
sq inches
sq millimeters
sq centimeters
sq yards
Convert
frnm
Convert
intn
0.0328
0.394
0.001
0.002
1
0.035
0.001
1000
2.113
100
3.281
39.370
196.85
3.6
2.2369
0.000038
0.001
0.621
0.0001
0.155
100
10,000
1.106
30.48
2.54
1000
473.2
1
28.316
1000
0.001
0.473
0.01
0.3048
0.0254
0.00508
60
0.447
25400
1000
1.609
10000
6.4516
0.01
0.0001
0.00012
i vawaiurL
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APPENDIX II - Forms and Labels
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Sample labels - fill in with pencil and insert in sample container with preservative
COLLECTOR:
Date:
Time:
Site:
Sample #:
Replicate #:
Sample depth:
Bottom depth:
Coll. method:
Preservative:
COLLECTOR:
Date:
Time:
Site:
Sample #:
Replicate #:
Sample depth:
Bottom depth:
Coll. method:
Preservative:
COLLECTOR:
Date:
Time:
Site:
Sample #:
Replicate #:
Sample depth:
Bottom depth:
Coll. method:
Preservative:
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Replicate #:
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